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‡INRA, UGAPF UR889, Unite ́ de Geńet́ique et d’Ameĺioration des Plantes Fourrager̀es, B.P. 80006, 86600 Lusignan, France
§INRA, UMR782 Geńie et Microbiologie des Proced́eś Alimentaires, 78850 Thiverval-Grignon, France
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ABSTRACT: This work presents a method to quantify the lignification of maize tissues by automated color image analysis of
stained maize stem cross sections. Safranin and Alcian blue staining makes lignified tissues appear red, and nonlignified tissues
appear blue. Lignification is assessed by the ratio of red intensity over blue intensity. A rough quantification of global lignification
is computed as the surface ratio of lignified tissues. A more precise quantification is obtained by computing profiles of red/blue
intensity ratio in relation to the distance to the epidermis, depicting the spatial distribution of lignified walls within the stem.
Lignification profiles are analyzed through summary parameters describing the evolution of lignification in three specific regions.
The distribution of lignification can be quickly assessed depending on the position and the development stage, allowing the
screening of genetic variations to be envisioned.
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■ INTRODUCTION

Strong worldwide demand for energy and concern over global
climate change have led to a resurgence in the development of
alternative energy to replace fossil fuel for transportation. In
response, many countries have initiated extensive research in
this area. Cellulose, the “green gold”, is of considerable
nutritional and industrial importance and is the major substrate
for the production of second-generation biofuels. Much of this
cellulose is located in lignified secondary walls (lignocellulosics)
in agricultural residues. To make these biofuels based on
lignocellulosic agricultural residues effective, it is essential to
identify the factors that induce lignocellulosic biomass
recalcitrance in the presence of lignin and other phenolic
compounds in secondary cell walls.
Plant cell walls are complex molecular assemblies that include

polysaccharides (cellulose and hemicelluloses) and phenolic
components (lignin and p-hydroxycinnamic acids). Lignin
association with other cell wall constituents greatly modifies
cell wall properties, including enzymatic degradability of
structural polysaccharides.1 Although it is clear that lignin has
a negative impact on plant cell wall degradability, lignin content
does not always appear to be a major factor in controlling
degradability2 and can only partially explain grass cell wall
degradability variations.3 Moreover, the pattern of lignification
within the stem could lead to very different degradability
profiles, thus highlighting the importance of anatomical
structure and, more importantly, lignin distribution within the
different stem tissues on grass cell wall degradability.4,5 It has
been suggested that anatomical structure might be more
important than wall chemistry in determining the rate and
extent of cell wall degradability.6 Differences in anatomical
structures for different tissues have been shown to widely

influence accessibility to potentially degradable polysaccharides
by rumen microorganisms.6−8 Several studies have demon-
strated that assessment of lignin distribution in stem tissues is
necessary to evaluate its impact on grass cell wall degradability
and thus to better optimize cell wall polysaccharides
accessibility.5,9−12

Various techniques have been developed for the investigation
of lignin distribution in tissues. Tissues can be physically
dissected, either manually or by using laser capture micro-
dissection.13−15 Microdissection approaches are often com-
bined with microbiochemical characterization.13,15,16 However,
these microdissections entail very tedious work10,17,18 and are
limited to the a priori choice of specific tissues. A powerful
approach is to use microspectroscopy techniques, such as
confocal fluorescence19,20 or Raman20−22 microscopy techni-
ques. Although these methods provide very rich information,
the observed field of view is usually small compared to the size
of the stem. Consequently, the quantitative integration of many
observations is usually done by focusing on a reduced number
of specific cell types or tissues.
Histological stains are an alternative that can reveal specific

components on a thin stem cross section with a minimum of
preparation. Cell wall components react with the stain and
become colored, revealing their distribution within the whole
section. In a previous study, Mećhin et al.11 compared the use
of Maüle,23 phloroglucinol,24 and Fasga25 staining to assess the
lignification of maize stem cross sections. Fasga staining, which
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makes lignified cell walls appear red and nonlignified lignified
cell walls appear blue, was shown to be the most effective
method. Even though red Safranin stain has been reported not
to be strictly specific to lignins,26,27 this staining appeared to be
perfectly suitable for lignification studies.
In previous studies, lignification was quantified by the area

ratio of lignified tissues.11 However, global lignification can vary
both with the lignification degree of cell wall in specific tissues
and with the proportion of the different tissues within the stem
cross section. Thus, the aim of this work was to develop a more
precise method that also quantifies both the relative differences
in lignification of different tissues and the spatial distribution of
lignin in the whole cross section. The approach proposed in
this study consists of the use of color as a quantitative measure
that will be related to lignification. The subsequent color
variations will thus make it possible to quantify the global
lignification of single sections as well as the lignin distribution
through profiles ranging from the epidermis to the center.

■ MATERIALS AND METHODS
Plant Material. The work presented in this paper was performed

on stem cross sections of maize harvested at six developmental stages
to cover a large range of variation for lignin distribution. The maize
inbred line F324 was grown at the INRA Lusignan Centre (France)
during the summer of 2011. Plots consisted of one 5.2 m long row
with a density of 90000 plants per hectare. Irrigation was applied from
mid-June to the end of August to prevent water stress. Principal ear
internodes were sampled at six developmental stages beginning when
the plants had reached the V8 (8 expanded leaves) stage. The next five
stages were V10 (10 expanded leaves), tasseling, silking, 14 days after
silking, and silage. Silage stage is attained when the dry matter content
reaches 30%. In practice, this stage corresponds to the transition
between a “milky grain” and “pasty grain”. Five whole internodes
(without the nodes) per developmental stage were sampled and
immediately placed in 70% ethanol/water (v/v) for further histological
analysis.
Image Acquisition. A 1 cm long segment was sampled in the

middle part of each internode and soaked in water for 1 night. For
each segment, 15 serial stem cross sections, 150 μm thick, were
prepared with a vibratome (Leica VT1000 S).
Sections were stained overnight using a Safranin and Alcian blue

solution. As previously reported,25 Alcian blue may be used as a blue
stain for cellulose and is compatible with Safranin O, which colors
lignin in red. The staining solution was prepared as described25 and
composed of 11 mL of Alcian blue (0.2% in ethanol), 3 mL of Safranin
O (0.1% in water), 1 mL of acetic acid, 30 mL of glycerin, and 20 mL
of distilled water. After staining, sections were rinsed twice for 5 min
with distilled water. Sections were examined under a magnifying glass
(×1, Nikon SMZ 1000) and were digitized as color images by a
ProgRes C3 digital microscope camera. The resolution was 10 μm per
pixel. Color was represented by the three red, green, and blue
channels, each of them being coded between 0 and 255. Lignified
tissues were thus stained in red, whereas nonlignified or poorly
lignified tissues appeared blue. Images acquired for the six develop-
ment stages are presented in Figure 1.
Color Normalization. Because variations of the background light

intensity were observed, a normalization procedure was applied to
remove heterogeneity within and between images. The region of
interest corresponding to the stem was segmented by applying Otsu’s
threshold on the green channel (Figure 2B), and the background
image was extracted (Figure 2C). For each channel of the background
image, a polynomial model depending on pixel coordinates was fitted
from background values, resulting in an estimated background model
for each image (Figure 2D). Normalized images were computed as the
ratio of image over the corresponding background estimate (Figure
2E).

Proportion of Lignified Area. The lignification of the whole stem
was assessed from normalized color images through the area fraction
of lignified tissues. Because the staining did not color the interior of
the cells, the coloration presented large variability, even in
homogeneously stained tissues. A morphological opening was applied
on each channel of the normalized color image.28 All of the pixels of a
given cell were associated with the color of its neighborhood, resulting
in an image with homogeneous colored regions (Figure 3B).

The red, green, and blue channels of each image were separated
(Figures 3C−E). The ratios of normalized red values over normalized
blue values were used to assess the lignification corresponding to each
pixel in the image (Figure 3F). The green channel was used to
determine the region in the image corresponding to the parenchyma
(Figure 3G). By applying a threshold to the ratio of red and blue
intensities and combining it with that of the parenchyma region, it was
possible to identify the lignified regions within the parenchyma (Figure
3H). The stem section was therefore classified into two regions:
lignified and nonlignified. The ratio of lignified area over total
parenchyma area was used as the index of global lignification.

Profile Computation. The quantification of lignification spatial
distribution is more complicated because the cross sections present
various shape and sizes. It is therefore necessary to consider a
reference space that is common to all images. In the case of plant

Figure 1. Image acquired (×1) after staining of 150 μm slices for each
development stage: (A) 8 expanded leaves; (B) 10 expanded leaves;
(C) tasseling; (D) silking; (E) 14 days after silking; (F) silage stage.

Figure 2. Normalization of color images using background model: (A)
original image, sampled 14 days after silking; (B) region of interest;
(C) background image; (D) estimated background model; (E)
normalized images.
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organs, variations of cellular morphology can be assessed as a function
of the relative distance to the epidermis.29−31 Similarly, variations of
lignification within the stem section were investigated in relation to the
distance to the epidermis.
A distance map was computed for each pixel within the stem section

(Figure 4), measuring an approximation of the Euclidean distance to

the nearest background pixel. This distance map was divided into
several concentric regions, corresponding to different classes of
distances. A normalized distance was chosen: each stem section was
divided into the same number of regions, and each region in a given
image had the same breadth. A total of 80 regions with equal relative
widths were chosen for all sections. Figure 4 shows an example of such
a division, using only 10 regions for simplifying the visualization.

Because the sizes of the sections vary, the breadths of the regions do
not refer to the same physical breadth.

The red and blue intensity profiles relative to the distance to the
epidermis (Figure 5A) were obtained by image analysis of the stained

cross section. These profiles corresponded to the distribution within
the section of tissues with lignified cell wall (red intensity) and of
tissues with nonlignified cell walls (blue intensity). Because it was
difficult to automatically recognize the locations of vascular bundles
and sclerenchyma, no distinction was made between the different types
of tissues. The blue profile of the sample image was lower for distances
close to the epidermis than in the middle of the cross section. The red
profile started to increase at a relative distance to the epidermis that
was greater than that of the blue profile. The differences between the
two profiles corresponded to the blue ring visible in Figure 4,
exhibiting a region of the cortical parenchyma having cell walls that
were not lignified. Some fluctuations could be observed in the red
profile. They were interpreted as the influence of vascular bundles,
which were surrounded by cells with nonlignified cell wall. The
lignification profile was assessed by computing the ratio of the red
intensity profile over that of the blue intensity profile (Figure 5B).

Statistical Analyses. Statistical analyses were performed within
the Matlab environment (The Mathworks, Natick, MA, USA).
Comparisons of group means were made using nonparametric
Mann−Whitney−Wilcoxon tests, using a p value of 0.05 as the limit
value.

■ RESULTS AND DISCUSSION
Proportion of Lignified Area. Red and blue areas could

be discriminated by automatic image analysis of the section.
This discrimination was used as a rough measure for the
proportion of lignified tissues within the stem. In a previous
study,11 the accuracy of the Safranin and Alcian blue staining to
study lignification of maize stem sections was established. In
this study, the proportion of lignified area is measured over the
whole stem section, thus providing theoretically more precise
results, and is studied over several development stages (Figure
6).
The first two young developmental stages (V8 and V10)

were poorly lignified, as expected. Only several small regions
were lignified, mainly in the epidermis or inside vascular
bundles. The proportion of lignified area subsequently
increased to 70% at tasseling stage and gradually increased to
76% between the tasseling and silage stages. The lignified
tissues were constituted quite exclusively of parenchyma. Large

Figure 3. Computation of the proportion of lignified surface on a
sample-normalized image sampled 14 days after silking: (A) original
image; (B) morphological filtering; (C, D, E) red, blue, nd green
channels of filtered image, respectively; (F) local red/blue ratio; (G)
segmentation of parenchyma; (H) segmentation of lignified tissues;
(I) classification of stem section into lignified and nonlignified regions.

Figure 4. Partition of a stem section into a fixed number of regions.
Ten regions are represented in this example. The image corresponds
to a stem sampled 14 days after silking. Relative distances to epidermis
are indicated.

Figure 5. Intensity profiles measured according to the relative distance
to the epidermis: (A) profiles of the blue and red intensities; (B)
profile of the red/blue intensity ratio.
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regions of nonlignified parenchyma could be observed around
vascular bundles. Vascular bundles of the parenchyma appeared
as small lignified regions surrounded by nonlignified tissues.
The global increase of lignified area was in agreement with

visual observations of stained stem sections. Lignified regions
corresponded to those observed.11 The automated discrim-
ination of lignified tissues was found to adequately describe
stem lignification during development. However, it was difficult
to recognize the shape of vascular bundles from the resulting
images. It was therefore assumed that the quantitative
measurement of lignification at the pixel scale should describe
more precisely the lignification process.
Profile of Lignification. The average profiles of the red/

blue intensity ratio for each developmental stage are presented
in Figure 7. The evolution of this ratio reflects the variations of
lignification within stem sections from the epidermis to the
center of the stem section.
The first two stages of development (V8 and V10) revealed

homogeneous profiles with a relatively low value of the red/
blue intensity ratio, corresponding to low global lignin content.
In contrast, lignification profiles for the last four developmental

stages (from tasseling to silage) presented higher values and
large variations within the cross section.
The V10 stage seemed to present a small increase of

lignification (intensity ratio ∼ 0.6) within the whole section
compared to the V8 stage (intensity ratio ∼ 0.45). However, no
significant difference could be shown (p value of a Wilcoxon
test = 0.39). For the last four development stages, global
lignification was greater (p value < 1 × 10−3 for the difference
between V10 and tasseling stages, and no significant differences
between the last consecutive stages). The variation of
lignification through the distance to the epidermis followed a
quite similar pattern for the last four stages, and three
concentric regions could be distinguished. A first region was
characterized by a high red/blue intensity ratio for small relative
distances to the epidermis. This region corresponded to
epidermis and to subepidermis cells with lignified cell walls
and will subsequently be referred to as rind.5 Another region
appeared as a blue ring on images and corresponded to cortical
parenchyma with nonlignified cell walls. The third region of
interest was the pith, which could be associated with a relative
distance to the epidermis of >0.25.
Maximum values and differences between the stages were

found in the rind region (relative distance range = 0−0.04).
The red/blue intensity ratio in the rind increased during the
internode development from 1.1 at tasseling stage to 1.4 at
silage stage and made it possible to discriminate stages tasseling
and silking from 14 days after silking and silage stages. Old
stages presented an intense lignification in the rind region,
whereas mid stages presented intermediate lignification in the
rind region that was comparable with lignification in the pith
region. The lowest values of the red/blue intensity ratio were
observed in the region that corresponded to nonlignified
cortical parenchyma (Figure 1). No significant variation was
observed for the red/blue intensity ratio in either the
nonlignified cortical parenchyma or the pith region over
tasseling to silage stages. It could be hypothesized that the
nonlignified cortical parenchyma disappeared over time while
lignification occurred. However, this lignin-free region
remained present while the intensification of lignification
occurred in the rind region alone. In the same way, it was
found that the parenchyma tissues were more degradable in this
region than in the pith.4 These results confirmed the very low
lignification of the pith.
A great increase in the red/blue intensity ratio in the rind and

pith regions between V10 and tasseling stages (p values < 1 ×
10−3 for both regions) could be related to the lignification
process of these regions. In the rind region, relatively high
values of the red/blue intensity ratio indicated that cells from
this region were much more lignified than those of other
regions. Lignin content in this region increased until the last
stage of development. The pith region presented lower
lignification than the rind. Moreover, no significant variation
of the lignification was apparent in the pith region for the last
four stages.

Lignification Kinetics of Specific Stem Regions. The
comparison of profiles can be simplified if they can be reduced
to just a few summary parameters. Following the results
presented above, four parameters are proposed. The first
parameter is the lignification of the rind region, computed as
the average value of the red/blue intensity ratio measured in
the range of 0−0.04 of the relative distance to the epidermis.
The second parameter is the lignification of the pith region,

Figure 6. Evolution of the proportion of lignified area in stained
sections during internode development, at the V8, V10, tasseling,
silking, 14 days after silking, and silage stages.

Figure 7. Average profiles of the red/blue intensity ratio relative to the
distance to the epidermis for six stages of development. Specific
regions of the stem cross section are indicated.
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computed as the average value of the red/blue intensity ratio
measured in the range of 0.25−0.95.
For the developmental stages between tasseling and silage, a

region corresponding to nonlignified cortical parenchyma could
be distinguished. The position of this region was assessed from
individual profiles by computing the set of contiguous regions
close to the epidermis for which the lignification rate was <0.8.
The nonlignified cortical parenchyma region was quantified by
the average value of the red/blue intensity ratio and by the
relative width of the region.
Figure 8 shows the evolution of the lignification for the three

stem regions during internode development. The lignification

of the rind region progressively increased throughout the
developmental stages, starting from 0.47 ± 0.13, reaching a
plateau around 1 at tasseling and silking stages, and further
increasing at the later stages with a maximum value of 1.29 ±
0.16 at stage 14 days after silking.
The lignification of the pith showed a similar pattern for early

development stages. Values increased from 0.44 ± 0.25 at stage
V8 stage to 0.92 ± 0.03 at tasseling stage. For later
developmental stages, lignification reached a plateau with a
value of 0.94 ± 0.04 at silage stage.
Lignin deposition rates in the rind and pith regions were

identical up to tasseling stage and then became differential. In
grass, cell wall development shifts to a rapid deposition of
lignified secondary wall development after the end of internode
elongation.4 In this study, the end of internode elongation
corresponded to the tasseling stage. After cessation of internode
elongation, the rind region developed an extensively lignified
secondary wall, which is revealed by the gradual increase of
lignification until the last stage. This lignification of a secondary
wall does not seem to occur in the pith region, where no
significant increase of lignin content was measured beyond
tasseling stage.
The lignification of the nonlignified cortical parenchyma

region was low (0.66 ± 0.08). No evolution of this parameter
was found during internode development after tasseling stage.
The relative width of this region was 0.14 ± 0.01 at tasseling
stage. During internode development, no significant variation
was observed for this parameter.

At the last stages of development (14 days after silking and
silage stages), the three regions clearly presented strong
differences in lignification. Differences of lignification between
the rind and pith regions have been previously reported from
chemical analyses of dissected tissues.10 Further investigations
showed that these differences were associated with variations of
degradability because the tissues from the rind region are less
degradable.5,17,18 The parameters computed in this work are
essential to better understand the regulation of plant
degradation.
This work presents a method to quantify the lignification of

maize tissues by using color image analysis of stained maize
stem cross sections. Global lignification was assessed through
the characterization of the proportion of the red area of each
cross section. Lignification profiles within the stem were
assessed by computing red/blue intensity ratio variations in
relation to the distance to the epidermis. Variation profiles were
analyzed by computing summary parameters describing the
lignification of three specific stem regions: the epidermis, the
blue ring, and the pith.
Lignification of maize internodes during development was

thus explored in the major defined stem section regions. This
level of observation is impossible to obtain with biochemical
lignin content estimation except when using very tedious and
complex microdissection approaches. The method developed in
this paper makes it possible to easily and rapidly describe the
lignification process during internode development. At young
stages, lignification first occurs in the pith. After the silking
stage, lignification becomes much more intense in the rind
region. The parameters summarized from the red/blue
intensity ratio profiles made it much easier to quantify the
differences in lignification among stem regions. Results are in
agreement with the biochemical analysis of dissected tissues in
the literature. A great advantage of the proposed method is the
possibility to quickly assess the distribution of lignin depending
on the position in the section, without having to physically
dissect the tissues. The image analysis procedure can be applied
automatically to the whole image collection, requiring a few
minutes for completion. The only limitation to the method is
the time necessary to slice and stain the sections.
An interesting perspective would be to study the variation of

lignification depending on the height in the plant, as well as the
height in the internode. Several layers of nonlignified
parenchyma cells were visible around vascular bundles in the
pith on several images. These layers correspond to highly
degradable regions.5,20 It would therefore be of interest to
quantify the profile of the lignification depending on the
distance to the nearest vascular bundles. For that purpose, using
high resolution and/or multispectral acquisition systems will
greatly increase the quality of observations.20 A potential
difficulty for high-throughput image analysis would be the
automatic identification of relevant tissues, such the bundles, or
their boundary.
The lignification profiles were computed using the same

reference space for all images. This gives the opportunity to
quantitatively compare lignification on stems with various sizes
or shapes. The whole methodology could also be extended to
study lignification of other plant species, on the condition that
lignin can also be stained adequately. The computation of the
profiles requires the acquisition of images of the whole section
and the identification of the reference structure, the epidermis
in the case of this study.

Figure 8. Evolution of the lignification for each region (rind, pith,
nonlignified cortical parenchyma) of the stem sections during
internode development.
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The proposed method is generic and could be applied to
analyze images obtained from alternative staining methods such
as Maüle or phloroglucinol. The combination of several
acquisition systems and/or staining can also be envisioned. It
would be also of great interest to calibrate information obtained
from image analysis with information obtained from local
chemical analyses.
Further studies will focus on analyzing various maize lines to

exhibit genotypic variations and the relationship between these
histological parameters and cell wall degradability. The
comparison of parameters obtained from color quantification
will also be compared to parameters obtained at the
microscopic scale, to link lignification to cell morphology. For
example, it would be of interest to link the lignin content of cell
walls to cell size or cell wall thickness. As the resolution
increase usually causes a reduction of the field of view, it is
expected that correlative microscopy techniques would be of
interest to combine information obtained from microscopes
operating at different scales.
The proposed method was a prerequisite for further studies

devoted to the enhancement of cell wall degradability through
cell wall improvement and to the elucidation of the genetic
basis of lignin deposition and distribution all along the stem
sections. The screening method presented here will make it
possible to characterize a wide range of samples. The natural
genetic variation for lignin distribution within the stem in
relation to cell wall degradability will be the focus of future
studies. We will also develop studies devoted to the genetic
determinism of lignification both in the pith and in the rind
regions. Work devoted to studying the genetic determinism of
lignification will be undertaken, and the use of recombinant
inbred line populations will undoubtedly shed light on the
Quantitative Trait Loci (QTLs) steering these parameters.
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